Abstract This study investigates the influence of C3 and C4 plants, soil texture and seasonal changes on the structure and assimilation of plant-derived C of soil microbial communities. In 2012 we collected soil samples in the growing and non-growing season from a vegetation change experiment cropping herbaceous C3 and C4 plants for 6 years on two soils differing in their texture. Phospholipid fatty acids and their compound-specific d
Introduction
Understanding the factors that govern soil carbon (C) dynamics, such as the accumulation and decomposition of soil organic matter (SOM), is critical as soils store most of the terrestrial organic C (Lal 2004) and therefore are an important component in the global C cycle. Soil microorganisms play a key role in controlling formation, decomposition and accumulation of SOM (Balser and Firestone 2005; Cotrufo et al. 2015; Gleixner et al. 2002; Lange et al. 2015; Responsible Editor: Susan Ziegler.
Electronic supplementary material The online version of this article (https://doi.org/10.1007/s10533-018-0528-9) contains supplementary material, which is available to authorized users. et al. 2017) . Although the soil microbial activity is influenced by several factors, such as soil temperature, soil humidity or pH (Voroney and Heck 2015) , it is largely controlled by plant-derived C resources (Wardle 2002) . In turn, microbial activity remobilizes nutrients that enhance plant growth (Porazinska et al. 2003) . In addition, the soil microbial community composition is strongly affected by abiotic and biotic factors such as soil texture (de Vries et al. 2012; Johnson et al. 2003; Merckx et al. 1985) , pH (Thoms et al. 2010) , soil moisture (Berg and Steinberger 2010; Lange et al. 2014) , temperature (Medeiros et al. 2006) , seasonality (Cao et al. 2011; Habekost et al. 2008) , and vegetation type (Berg and Steinberger 2010; Epron et al. 2011; Grayston et al. 2001) . However, little is known about how changes in the composition of the microbial community affect ecosystem functions. Therefore, it is important to know the relative importance and possible interactions between environmental factors in shaping the soil microbial community and ultimately the ecosystem functions, in particular those of soil C dynamics.
Microbial communities in soils are commonly studied by analyses of phospholipid fatty acids (PLFA; Frostegard et al. 1991; Frostegård et al. 2011; Zelles 1997 Zelles , 1999 . The PLFA method is particularly advantegeous when working with natural isotopic abundances as it is highly sensitive to the shifts in the isotopic signatures of lipid biomarkers (Pett-Ridge and Firestone 2017). Other techniques may be more appropriate if high isotope label is used, for instance stable isotope probing is increasingly used combining high isotope label with molecular techniques that allow a finer taxonomic resolution of microbial communities than the PLFA technique Mau et al. 2015) . The information gained by the PLFA method is comparable to the ecological concept of functional groups (Joergensen and Wichern 2008) and is particularly useful when investigating soil C dynamics. Specific PLFA markers might be assigned to distinct microbial groups in soils: Grampositive (G?) bacteria, which are commonly considered as decomposers of SOM (Bahn et al. 2013; Mellado-Vázquez et al. 2016 ); Gram-negative (G-) bacteria are supposed to have high affinity for plantderived C, such as root exudation (Denef et al. 2009; Mellado-Vázquez et al. 2016) ; and saprotrophic fungi which are able to decompose root exudates and plant litter (Treonis et al. 2004 ) as well as SOM (GarciaPausas and Paterson 2011; Mellado-Vázquez et al. 2016) .
A common method for a better understanding of C flow between plants, microorganisms and SOM are vegetation change experiments (e.g. Balesdent and Balabane 1996; Gleixner 2013) , which in combination with PLFA and stable isotope ratios analyses (Evershed et al. 2006; Garcia-Pausas and Paterson 2011; Kindler et al. 2009 ) have been used to explore interactions among plants, soil and microorganisms (Pett-Ridge and Firestone 2017). In such experiments, the native plant community of either C3 or C4 plants is exchanged by the respective other plant type, while the soil remains the same, and receives the isotopic imprint of the other plant type over time. Differences in the photosynthetic pathways of C3 and C4 plants result in naturally distinct d
13 C values of both plant types (C3: approx. -25%; C4: approx. -12%; Degens 1969; O'Leary 1981) . The assimilation of plant-derived carbon during microbial growth and biomass formation, including lipid synthesis, translates the differences in d
13 C values between the two plant types into microbial PLFAs. In the course of the lipid synthesis an isotopic fractionation takes place, which reduces the d 13 C values of microbial lipids by 6% to 8% compared to the carbon sources (DeNiro and Epstein 1977) . However, there are uncertainties if such a vegetation change from C3 to C4 plants only changes the isotopic signal of the C source or if it also causes changes in the abundance and composition of the soil microbial community. Furthermore the photosynthetic pathway of plants itself has been suspected to impact soil carbon dynamics (Chen et al. 2016 ). This would indicate that results obtained in such experiments are confounded. Thus, it is important to assess the relative importance of environmental factors, such as soil texture and season compared to the vegetation change affecting the soil microbial community.
In this study we investigated the effect and the relative importance of a C3-C4 vegetation change, soil properties and season on total soil microbial biomass, soil microbial community composition as well as their isotopic C composition in a replicated C3-C4 vegetation change experiment. Specifically we asked if (i) the soil microbial community composition and abundance are affected by photosynthetic pathway, soil properties and seasonal changes, (ii) how these factors influence the isotopic values of microbial community and their proportion of assimilated C from plants, and (iii) if the assimilation of plant-derived C differs among microbial groups. Therefore, C3 and C4 plants, similar in their phenology and productivity, were grown for six years on two soils differing in texture, pH and organic carbon content at the same site with the same climatic conditions. Thus, the influence on the experimental treatment by uncontrolled conditions could be minimized. Finally, we calculated the microbial assimilation of plant-derived C for distinct microbial groups depending on soil properties and season.
Materials and methods

Site description and experimental design
The C3-C4 vegetation change experiment was established at the Max Planck Institute for Biogeochemistry in Jena, Germany in 2002. Four plots of 24 m 2 were set up directly next to each other to avoid environmental biases, such as climate. Two different types of homogenized soil were filled into two plots each to a depth of 2 m. Both soils differed in their texture and pH. The first one was originally derived from a forest A-horizon and had a coarse texture (50% sand, 44% silt and 6% clay; pH 6.9) and relatively higher soil organic carbon (SOC) concentration (Table 1 ) and is henceforth termed as ''coarse soil''. The second soil was derived from the B-horizon of a calcareous soil and had finer texture (9% sand, 75% silt and 16% clay; pH 7.8) but lower SOC concentration (Table 1) , and is henceforth termed as ''fine soil''. Both soils originally had C3 vegetation and until 2006 the entire experiment was continuously cropped with C3 vegetation (Malik et al. 2012; Scheibe et al. 2012) . The selection of plant species was based on comparable biomass production and phenology. Scorpion weed (Phacelia tanacetifolia BENTH.), sunflower (Helianthus annuus L.) and wheat (Triticum spec. L.) were rotationally grown on all plots as two-species community. In November 2006 on one plot with coarse soil and one plot with fine soil the vegetation change started, while on the other plots with coarse and with fine soil were continuously cropped with C3 plants. The rotationally grown C4 plant species were lovegrass (Eragrostis curvula WOLF), maize (Zea mays L.), amaranth (Amaranthus spec. L.) and sorghum (Sorghum spec. MOENCH). All plots were equally managed, namely annually in autumn the total shoot biomass was harvested and equal amounts were re-distributed on each plot considering the vegetation type. From October to April, i.e. during the non-growing season, plots were covered with a water permeable sheet that allowed plant litter decomposition but prevented weed germination. In the following spring the plots were sown again with their respective vegetation type.
Soil sampling
Soil samples were collected in 2012 in February (nongrowing season) and June (growing season). Using a stainless steel core cutter (inner Ø = 4.8 cm, Eijkelkamp Agrisearch Equipment, Giesbeek, The Netherlands, 0-10 cm deep), three independent samples were 
Root biomass (g m -2
) 52.8 54.6 65.6 60.7
collected along the entire length of one side of each plot. Soil samples were sieved (\ 2 mm) and cleaned by removing remaining plant material and stones. Clean and sieved soil samples were stored at -20°C for less than a week before PLFA extraction, and the extracts were subsequently stored at -20°C for less than a month before analysis.
PLFA extraction, analysis and compound specific measurement A mixture of CH 3 OH, CHCl 3 and 0.05 M K 2 HPO 4 buffer (2:1:0.8 v/v/v) was used to extract the total lipid fraction from 50 g of wet soil (Bligh and Dyer 1959; modified by Kramer and Gleixner 2006) . PLFAs were purified from the total lipid extraction by sequentially eluting a silica-filled solid phase extraction column (Bond Elut Ò SPE, Varian US.) with chloroform, acetone and methanol; the methanol elution, which contained the PLFA fraction, was hydrolyzed and methylated with a 0.2 M KOH methanolic solution. Subsequently, methylated fatty acids (FAMEs) were split up into saturated (SATFA), monounsaturated (MUFA) and polyunsaturated fatty acids (PUFA) in an aminopropyl modified SPE column (Bond Elut Ò SPE, Düren, Germany) impregnated with AgNO 3 . After adding the FAME 19:0 (as an internal standard) to all fractions, FAMEs were quantified with a GC-FID system (GC: HP 6890 Series, AED: G 2350 A, Agilent Technologies, United States) using a HP Ultra column (50 m 9 0.32 mm internal diameter, 0.52 mm film thickness) and Helium as a carrier gas. Following the initial conditions, 140°C held for 1 min, the temperature increased at a rate of 2°min -1 until reaching 270°C (6 min isotherm). Afterwards, the heating rate increased to 30°C min -1 to reach a final temperature of 320°C that was held during 3 min. PLFA identification was performed using GC/MS (Thermo Electron, Drereich, Germany) by comparison of PLFA peak retention times and their mass spectra with known standards and mass spectral data from an in house database (Thoms et al. 2010; Thoms and Gleixner 2013) .
PLFA nomenclature of individual markers is used as follows: the number of C atoms is followed by a colon and the number of double bonds. The position of the first double bond is denoted by the symbol omega (x) and the number of C atoms from the aliphatic end of the molecule (e.g.: 16:1x5), if there are multiple double bonds, the position of the subsequent double bond are indicated after a coma following the first one (e.g.: 18:2x6,9). Methyl branching at the iso, anteiso and tenth C from the carboxylic end is represented by the prefixes ''i'' (e.g.: i15:0), ''a'' (e.g.: a16:0) and ''10Me'' (e.g.: 10Me16:0), respectively. The prefix ''cy'' denotes cyclopropane fatty acids (e.g.: cy19:0). Based on their predominant microbial origin, individual PLFA markers were assigned to different microbial groups. PLFA markers assigned for Grampositive (G?) bacteria were i15:0, a15:0, i16:0, i17:0 and a17:0 (Zelles 1997) . The markers 10Me16:0, 10Me19:0 were assigned to actinobacteria (Kroppenstedt 1985) , which is a subgroup of the G? bacteria. PLFA markers assigned for Gram-negative (G-) bacteria were 15:1, 16:1x7, 16:1x5, 16:1, 17:1, 18:1x9, 18:1x7, cy17:0 and cy19:0 (Zelles 1997) . The cyclic markers cy17:0 and cy19:0 are produced under environmental stress conditions by G-bacteria (Kaur et al. 2005) . However it has been observed that cyclic PLFA markers were predominately observed in environments that are richer in G? bacteria than Gbacteria (Mellado-Vázquez et al. 2016; Treonis et al. 2004) . Therefore, we consider cyclic markers as a separate marker group (''cy G-bacteria'') from noncyclic markers assigned to G-bacteria. Finally, only the PLFA marker 18:2x6,9 was used as proxy for saprotrophic fungi and their biomass (Frostegard et al. 2011) . As proxy for the total microbial biomass, the concentrations of all PLFA markers were summed, including the non-specific markers 14:0, 16:0 and 18:0 (Zelles 1997) .
Carbon isotope ratios of individual PLFA markers were measured in triplicate in a GC-IRMS system (HP5890 GC, Agilent Technologies, Palo Alto USA; GC combustion III and IRMS: Deltaplus XL, Finnigan MAT, Bremen, Germany), using a HP Ultra column (50 m 9 0.32 mm internal diameter, 0.52 mm film thickness) and helium as a carrier gas. The FAME 19:0 was used as internal standard to assess measurement precision (mean reproducibility of 0.23%, n = 72) and for the offset correction (Werner and Brand 2001 
where d 13 C PLFA is the isotope ratio of the phospholipid fatty acid, d
13 C FAME the isotope ratio of the phospholipid fatty acid methyl ester, d
13 C MeOH that of methanol used for derivatization and N PLFA is the number of carbon atoms of the PLFA.
Assessing the C origin in PLFA markers
The net proportion of assimilated C derived from plants to individual PLFAs compared to soil-derived C (Fp PLFA ; Eq. 3) was calculated according to Kramer and Gleixner (2006) :
where d (Table 1) . Bulk samples of all plant communities were dried at 70°C for 48 h and ground with a ball mill prior to chemical analysis. The carbon isotopic composition of dried samples was analyzed using a DeltaPlus isotope ratio mass spectrometer (Thermo Fisher, Bremen, Germany) coupled via a ConFlowIII open-split to an elemental analyzer (Carlo Erba 1100 CE analyzer; Thermo Fisher Scientific, Rodano, Italy).
Explanatory variables
In addition to the experimental design variables (vegetation type, soil texture and season) ecologically important covariates were assessed. Soil moisture (%) was determined gravimetrically (Black 1965 ) from 5 g of soil (wet weight) that were collected as subsamples from the soil cores taken for PLFA analysis. Root biomass (g m 2 ) was quantified as the average of roots collected from three squares (0.5 9 0.5 m) in each plot. In each square a soil core was taken (4.8 cm in diameter, 0-10 cm deep) using a split tube sampler to obtain SOC content. After sampling, the soil was dried at 40°C until constant weight and homogenized by grinding in a ball mill. Concentration of SOC was calculated from the difference between total C and inorganic C. Total C and inorganic C were measured by elemental analysis at 1150°C (Vario Max; Elementar Analysensysteme GmbH, Hanau, Germany), inorganic C was obtained after burning organic C for 16 h at 450°C in a muffle furnace ).
Statistical analysis
Linear mixed-effects models (LMM) were applied to test for effects of the experimental factors (photosynthetic pathways, soil texture and season) on the response variables (microbial biomass, weighted average of d
13 C values of PLFA markers and weighted average of the proportion of assimilated C from plants per plot). To account for the repeated measurements ''plot'' was fitted as random factor. For analyzing the response of the specific soil microbial groups, all respective PLFA markers were considered individually to account for e.g. differences in the synthesis among markers resulting in different d
13 C values. Therefore, ''plot'' and ''PLFA marker'' were fitted as random factors in these LMM. Starting from a constant null model, the factor ''photosynthetic pathways of plants'' was fitted first, followed by soil texture, season and the interaction terms among each other. The maximum likelihood method was used and likelihood ratio tests were applied to assess the statistical significance of model improvement (Zuur et al. 2009 ). The importance of the factors was assessed on the basis of the proportion of the additionally explained variance (R 2 ) in the sequential models comparison, using the ''r.squaredGLMM'' function in MuMIn package in R. The effect and the importance (R 2 ) of the experimental factors on the microbial community composition based on relative PLFA concentrations were tested by Permutational Multivariate Analyses of Variance (PERMANOVA: ''adonis'' function in vegan package in R (Oksanen et al. 2011) . For PERMANOVAs the ''Bray-Curtis'' distance measure was applied. In addition, redundancy analyses (RDAs) were carried out to relate the effects of experimental factors on the soil microbial community composition to other environmental parameters by assessing the impact of root biomass, SOC and soil moisture. Permutations for hierarchical design were selected to account for the replicated sampling. RDAs were carried out using CANOCO 5.0 for windows (ter Braak and Š milauer 2012). General markers were not considered performing PERMANOVAs and RDAs.
Results
Microbial biomass and microbial community composition
Microbial biomass (measured as total PLFA concentration) was significantly impacted by season and soil texture, which explains 61% and 9% respectively of the variations (Fig. 1a, Table 2 ). More microbial biomass was observed in the growing season and in fine soils. Photosynthetic pathway had no impact on soil microbial biomass (Fig. 1a, Table 2 ). However, the analyses of individual markers showed that the concentration of PLFA markers differed strongly among the microbial groups (Table S1 ). Season, but not soil texture, also had a significant effect on the concentrations of individual PLFA markers and differed among microbial groups as shown by the significant interaction term between microbial group and season (Table S1a ). This significant interaction term indicates that the biomass of microbial groups differently changes in the course of the year. In particular PLFAs markers assigned to G-bacteria were much higher in concentration in the growing season than in the non-growing season, while the concentration of the other PLFA markers did not change to that extent (Fig. 1b) .
Soil texture explained 43% of total variation of the microbial community composition ( Table 2 ). The photosynthetic pathway and season did not affect the composition of the soil microbial community. The RDA revealed that the significant effect of soil texture was accompanied by differences in SOC content and root biomass (Fig. 2) . Due to collinearities among both environmental variables, only the first variable chosen in the forward selection was significant. Together, SOC and root biomass account for 45.1% of the variance in PLFA composition. On plots of our study more root biomass was found in fine soils, while in coarse soils SOC content was higher (Table 1) . The RDA further revealed that root biomass and SOC content mainly separates G? bacteria and cy Gbacteria markers from G-bacteria markers (Fig. 2) .
Isotopic signature of microbial markers and assimilation of plant-derived C The plant photosynthetic pathway explained the d 13 C values of the microbial community (weighted plot average of PLFAs) by 91% (Fig. 3a, Table 2 ). As expected, all individual PLFAs had higher d
13 C values on C4 vegetated plots (av = -21.6% ± 3.2 SD) compared to C3 vegetated plots (-28.8% ± 2.6; individual markers are shown in Table S2 ). However, the d 13 C enrichment on C4 plots differed among microbial groups and season (Fig. 3b, Table S1b ). During the growing season, an increase of * 2% of d 13 C values in PLFA markers indicating G? bacteria, actinobacteria and cy G-bacteria (i15:0, i16:0, i17:0, a17:0, 10Me16:0, 10Me19:0, cy17:0 and cy19:0) was observed compared to the values observed in the nongrowing season (Table S2a, b, c) . In contrast, not all the d
13 C values of PLFA markers indicative for Gbacteria were affected the season; d
13 C values of 15:1, 16:1x5 and 18:1x9 were higher in the non-growing season (Table S2d) , while the other G-bacteria markers (16:1x7, 16:1, 17:1, 18:1x7) showed no difference of their d
13 C values between seasons. The portion of plant-derived C in the entire soil microbial community (weighted plot average of The impact of these factors on the microbial community composition (based on the relative concentrations of PLFAs) was tested by Permutational Multivariate Analysis of Variance (PERMANOVA). See Supplementary Table S1 for LMM results on individual PLFAs and Table S3 for isotopic values for certain compartments of individual plants PLFAs) was not different between soil types (Table 2 , Fig. 4a ). However, we found specific differences in the C assimilation patterns among microbial groups (Fig. 4b , Table S1c), with highest portions in saprotrophic fungi (73.3% ± 13.0) and G-bacteria (53.8% ± 15.0). Furthermore, the assimilation of plant-derived C among microbial groups was differently affected by season and soil texture (Fig. 4b , Table S1c ). The assimilation of plant-derived C in Gbacteria was higher in fine soils (58.0% ± 19.5) than in coarse soils (49.6% ± 8.3). In contrast, plantderived C was on average higher in the coarse soil than in fine soil in PLFAs assigned for G? bacteria (coarse soil: 51.3% ± 2.9, fine soil: 40.8% ± 9.1), actinobacteria (45.5% ± 6.3, 36.4% ± 18.4) as well as in cy G-bacteria markers (49.5% ± 11.0, 41.4% ± 7.3). Saprotrophic fungi hold more plant-derived C in the non-growing season (83.1% ± 9.6) than in the growing season (63.4% ± 6.7) as well as G-bacteria (60.3% ± 11.8, 47.4% ± 15.8). In contrast, plantderived C was similar between seasons in PLFAs assigned for G? bacteria (growing season: 47.5% ± 10.5, non-growing season: 44.7% ± 6.6), actinobacteria (38.1% ± 7.1, 43.9% ± 18.9, %) and cy Gbacteria markers (46.8% ± 7.0, 44.2% ± 12.7, %, Fig. 4b ).
Discussion
We found no differences in the microbial biomass and in the microbial community composition between different photosynthetic pathways. In our experiment, the C3 and C4 plant communities were similar in biomass production and phenology, and thus the photosynthetic pathway alone has no or at most a minor impact on soil microbial communities and their assimilation of plant-derived carbon. This finding suggests that impact of different photosynthetic pathways on the microbial community (e.g. Chen et al. 2016) , might be triggered by confounding effects of other environmental parameters.
We found a general increase in the total microbial biomass in the growing season, which is most probably caused by higher temperatures and increased availability of C resources during vegetation periods, e.g. root litter and exudates. In contrast, seasonal changes did not have an impact on the composition of the different bacterial groups. This indicates that the soil bacterial groups responded similarly to environmental changes accompanied with the seasonal variation. The similar response might be caused by an adaptation of the soil microorganisms during the 6 years of cultivation prior to sampling. Furthermore, the total soil microbial biomass depended on soil type and was significantly higher in soils of fine grain size. In addition the abundance of bacterial groups was differently affected by soil types. PLFA markers assigned to G-bacteria were more abundant in fine soils. In our experiment more root biomass was found in fine soils, which form a finer texture and might therefore sustain a better root net resulting in more root biomass than in coarse soils (Merckx et al. 1985) . Thus, the higher abundance of G-bacteria in the soil of fine soil might be mediated by the higher root biomass. In contrast, higher proportional abundances of G? bacteria, actinobacteria and cy G-bacteria Table 3 are based on all replicates per plot were mainly found in the coarse soil and may be related to the higher SOC content in the coarse soil of our experiment. These microbial groups are suggested to be better adapted than other microbial groups to degrade SOM (Fierer et al. 2003) and to live on these spatially dispersed C sources (Don et al. 2013) . However, the parameters of the selected soil types are inter-correlated in this study and therefore the points discussed above are suggested as possible mechanisms underlying the observed effects of the two soil types on microbial biomass and microbial composition.
The portion of plant-derived C contained in the soil microbial community was not different between soil types (Table 2, Fig. 4a ). However, the specific differences in the C assimilation patterns among microbial groups in different soil type (Fig. 4b, Table S1 ), point to an impact of environmental factors on C utilization strategies among microbial groups. The plant-derived C assimilation by bacterial groups (G? bacteria, actinobacteria, cy G-bacteria, G-bacteria) was similar among seasons. In contrast, saprotrophic fungi took up more plant derived C in the non-growing season than in the growing season. In the non-growing season, when the most important plant C resource was derived from decaying plant biomass, the amount of plant C incorporated into saprotrophic fungi was significantly higher compared to the other microbial groups. This is likely the result of a relative advantage for the fungi in degrading litter (Klamer and Hedlund 2004; Singh et al. 2006) .
As expected, the d 13 C values of the PLFAs were primarily driven by the photosynthetic pathway of plants, namely higher d
13 C values in C4 growing plots than in C3 growing plots reflected the naturally higher 13 C values in the growing season compared to the non-growing season. This enrichment might reflect an increased microbial respiration and higher C turnover with increasing soil temperature (Creamer et al. 2015) , but also they maybe had access to more enriched plant-derived C sources. Contrarily, some G-bacterial PLFA markers (15:1, 16:1x5 and 18:1x9), showed a higher enrichment in their d
13 C values as well as higher portions of plant-derived C in the non-growing season than in the growing season. This finding was surprising as G-bacteria are often described as rhizosphere associated and depending on recently photosynthesized C sources, such as exudates (Denef et al. 2009; Mellado-Vázquez et al. 2016) . In particular, the higher portions of plant-derived C in PLFA in the non-growing season points to a continued degradation of organic matter, though there is no input Fig. 4 Portion of plant-derived C in (a) the entire soil microbial community (weighted average per plot) and in different microbial groups (b) in non-growing and growing seasons in coarse and fine soils. Error bars represent the standard error of mean (SEM) of fresh plant material. Furthermore, Denef et al. (2007) reported of a fungal-mediated translocation of rhizosphere-C from to bacterial biomass or a preferential bacterial use of fungal necromass several months after a pulse labelling. This mechanism of cross-feeding and recycling of carbon (Gleixner 2013) between fungi and G-bacteria might potentially explain the enrichment of markers assigned to Gbacteria in the non-growing season compared to the growing season, too. Therefore, we suggest that there was an increased saprotrophic assimilation of plantderived C by G-bacteria. This is in line with recent findings (Bai et al. 2016) , showing that both fungi and G-bacteria strongly rely on the decomposition of plant residues, when no recently photosynthesized C sources are available like in the non-growing season. Another possible explanation for our finding might be a fungal origin of the markers 16:1x5 and 18:1x9 which is discussed in several studies (Bååth and Anderson 2003; Kaiser et al. 2010; Madan et al. 2002; Olsson et al. 1995; Sakamoto et al. 2004 ). This suggests that the microbial origin of some PLFA markers depends strongly on substrate quality and availability (Borga et al. 1994; Madan et al. 2002; Wilkinson et al. 2002) .
Conclusions
Our results demonstrate that the soil microbial community composition and their assimilation of plantderived C can be independent of C3-C4 vegetation change. However, a selection of plants with similar characteristics is important so that the difference in photosynthetic pathways has little or no effect on the microbial community. Overall, our results suggest that C dynamics in soils strongly depend on C availability, which changes seasonally and favors different parts of the soil microbial community driving the soil C dynamics. On the other hand, soil texture was the most important factor influencing the soil microbial community composition in this study. Thus, contrary to the common idea that vegetation change experiments are biased by the preference of soil microorganisms to specific types of photosynthetic pathways, we show here that vegetation change experiments are robust to understand microbial C dynamics in soil. However, the results of this study are based on only a small number of plant species and two different soils. Therefore, future research should provide information on specific plant effects on the influence of C3-C4 vegetation changes on microbial soil communities. And secondly, the knowledge of how soil environmental parameters impact these effects, including the underlying mechanisms, should be expanded.
